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Spatial distributions of pericellular stiffness in natural extracellular
matrices are dependent on cell-mediated proteolysis and contractility
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a b s t r a c t

Bulk tissue stiffness has been correlated with regulation of cellular processes and conversely cells have
been shown to remodel their pericellular tissue according to a complex feedback mechanism critical to
development, homeostasis, and disease. However, bulk rheological methods mask the dynamics within
a heterogeneous fibrous extracellular matrix (ECM) in the region proximal to a cell (pericellular region).
Here, we use optical tweezers active microrheology (AMR) to probe the distribution of the complex mate-
rial response function (a = a0 + a00, in units of mm/nN) within a type I collagen ECM, a biomaterial com-
monly used in tissue engineering. We discovered cells both elastically and plastically deformed the
pericellular material. a0 is wildly heterogeneous, with 1/a0 values spanning three orders of magnitude
around a single cell. This was observed in gels having a cell-free 1/a0 of approximately 0.5 nN/mm.We also
found that inhibition of cell contractility instantaneously softens the pericellular space and reduces stiff-
ness heterogeneity, suggesting the system was strain hardened and not only plastically remodeled. The
remaining regions of high stiffness suggest cellular remodeling of the surrounding matrix. To test this
hypothesis, cells were incubated within the type I collagen gel for 24-h in a media containing a broad-
spectrum matrix metalloproteinase (MMP) inhibitor. While pericellular material maintained stiffness
asymmetry, stiffness magnitudes were reduced. Dual inhibition demonstrates that the combination of
MMP activity and contractility is necessary to establish the pericellular stiffness landscape. This hetero-
geneity in stiffness suggests the distribution of pericellular stiffness, and not bulk stiffness alone, must be
considered in the study of cell-ECM interactions and design of complex biomaterial scaffolds.

Statement of Significance

Collagen is a fibrous extracellular matrix (ECM) protein widely used to study cell-ECM interactions.
Stiffness of ECM has been shown to instruct cells, which can in turn modify their ECM, as has been shown
in the study of cancer and regenerative medicine. Here we measure the stiffness of the collagen microen-
vironment surrounding cells and quantitatively measure the dependence of pericellular stiffness on MMP
activity and cytoskeletal contractility. Competent cell-mediated stiffening results in a wildly heteroge-
neous micromechanical topography, with values spanning orders of magnitude around a single cell.
We speculate studies must consider this notable heterogeneity generated by cells when testing theories
regarding the role of ECM mechanics in health and disease.

� 2017 Acta Materialia Inc. Published by Elsevier Ltd. All rights reserved.

1. Introduction

Interactions between cells and their extracellular matrix (ECM)
are bi-directional. On one hand, the mechanical properties of the

ECM have been shown to regulate key processes in cells; for exam-
ple, increasing bulk ECM stiffness has been correlated to invasion
of mammary epithelial cells [1], differentiation of mesenchymal
stem cells [2,3], and maturation of cardiomyocytes [4]. On the
other hand, cells actively alter their ECM through context-
dependent degradation, remodeling, and deposition of new ECM
[5]. Thus, quantifying the mechanical interactions between the cell
and its ECM both spatially and temporally, at a scale relevant to the
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interaction, is imperative to study how cells are regulated in phys-
iological and pathological processes.

One interesting aspect of cell-ECM physical interactions is the
distribution of traction forces that cells exert onto their local
ECM. 3D traction force microscopy (TFM) has been developed for
cells fully embedded within a linear, homogenous, nano-porous,
synthetic PEG hydrogel containing tracer microbeads [6,7], which
can be modified to contain sites for cell adhesion and cell mediated
degradation [8]. The strain field can be calculated by tracking bead
displacement. Then, an estimation of traction forces can be com-
puted under the assumption of hydrogel linear elasticity, homo-
geneity, and without consideration of cell-mediated degradation
and deposition of new ECM. While these methods are elegant
and provide important insight, results may not be generalizable
to physiologically relevant tissues because these gels do not share
the native architecture, pore size, or nonlinear properties of natural
matrices [9]. Additionally, cells may remodel the synthetic hydro-
gels differently than they would a fibrous gel of natural origin.
Heterogeneities in local ECM architecture and stiffness have hin-
dered efforts to extend TFM to natural matrices particularly in
the pericellular space. For example, it has been reported that stres-
ses within the ECM cannot be determined from bead displace-
ments alone under the assumption of homogenous mechanical
properties [7] and without accounting for local degradation [10].
Furthermore, stiffness of natural, type I collagen fibrous matrices
increases non-linearly with deformation, and cannot be deter-
mined from collagen concentration alone [7,11]. Instantaneous
stiffness should be determinable from strain if the nonlinear rela-
tionship between strain and stiffness is known a priori. However,
such a calculation requires knowledge of the current stress free
state of the material, which may not be available once cells plasti-
cally remodel the local matrix. Thus, the study of how pericellular
stiffness changes over time requires the use of a technique that can
directly measure stiffness locally.

Here we use optical tweezers active microrheology (AMR) to
measure the complex material response function at multiple sites
around cells grown in 3D type 1 collagen gels and observe the
dependence of material property heterogeneity on both cell con-
tractility and matrix metalloproteinase (MMP) activity. One poten-
tial way a cell can modulate its pericellular mechanical topography
is through cytoskeletal contractile forces that locally deform the
ECM and stiffen it through strain-hardening [12], a process that’s
also essential for cell mechanoresponsiveness [13]. Another way
in which a cell may modulate its local mechanical topography is
through degradation of its local ECM, mediated by cell synthesized
MMPs [14]. MMP mediated matrix degradation has been shown to
be critical in processes including angiogenesis [15,16], cancer
metastasis [17], and skeletal formation [18]. Thus, both cytoskele-
tal contractility and MMP activity are logical targets to explore the
role of a cell in establishing or maintaining its pericellular stiffness,
which we have shown can be significantly stiffer than values
reported by bulk rheology [19–21] and are consistent in order-
of-magnitude to stiffness reported by other groups using AMR in
type I collagen [22], Matrigel, hyaluronic acid, and zebrafish
in vivo [23]. In earlier studies, we used AMR to discover that during
capillary morphogenesis, the pericellular space surrounding the tip
of a sprouting capillary had increased stiffness as compared to dis-
tal regions [24]. We also showed that mouse skeletal stem cells
required MMP14 (MT1-MMP) activity to stiffen the pericellular
space within 3D collagen gels, a result that was associated with
osteogenic fate commitment in vivo [25]. Here we use AMR to mea-
sure the distribution of pericellular stiffness surrounding isolated
dermal fibroblasts and smooth muscle cells embedded within col-
lagen gels and observe important new insights into how cells mod-
ulate their mechanical microenvironment in a contractility and
MMP-dependent manner.

2. Methods

2.1. Cell culture

Dermal fibroblasts (DFs) were acquired from Lonza (CC-2511)
and were cultured in DMEM (Fisher) with 10% FBS (Gibco) and
1% penicillin streptomycin (Gibco). Human Aortic smooth muscle
cells (HAoSMCs) were acquired from ATCC (PCS-100-012) and
the media plus bullet kit (CC-3182) from Lonza. All cells in this
study were used prior to passage 7.

2.2. Collagen hydrogel formation

Type 1 collagen was chosen for these studies given both its
abundance as the one of the main structural proteins of ECM
within the body [26] and its relative prevalence within the natural
context of the investigated cell types [27,28]. Collagen hydrogels
were made at a final concentration of 1.0 mg/mL or 2.0 mg/mL
using acid extracted rat tail type 1 collagen from vendors Advanced
Biomatrix or Corning, respectively. Collagen of this type has been
previously reported to vary significantly from lot to lot [29]. There-
fore, collagen lots and concentrations were kept consistent for each
set of cells: 1 mg/mL for DF experiments and 2 mg/mL for HAoSMC
experiments. Structure (as assessed by reflection confocal micro-
scopy) and mechanical properties (as probed by AMR) were
roughly matched between the two cell-free conditions. For DF
experiments, 3 cells in 3 separate gels were measured per condi-
tion. For HAoSMC experiments, 3 cells were measured within a sin-
gle gel per condition.

Collagen gels were prepared with 10� PBS (Life Technologies),
1 N NaOH (Fisher), sterile-filtered DI H2O, 2 lm carboxylated silica
microbeads (0.8 mg/ml, Bangs Laboratories), and cells (100 k/ml)
in 35 mm glass bottom dishes (MatTek). The samples were placed
in a standard tissue culture incubator at 37 �C for 40 min during
the polymerization process after which media was added to each
dish.

Cells in control conditions were fed with normal media at the
time of gelation. In the BB94 conditions, cells were fed with normal
media supplemented with 10 lM BB94 (Sigma) after gelation. All
dishes were incubated for 24 h in a standard tissue culture incuba-
tor. Prior to AMR measurements, the culture media was supple-
mented with HEPES (20 mM) and the dish placed on the
microscope stage. A custom-built incubation system plus an objec-
tive heater maintained temperature in the dish at 34 �C. Gels were
allowed to equilibrate to temperature for at least 1-h to prevent
focus drift [30]. Y27632 conditions were supplemented with
20 lM Y27632 (Sigma) during this 1-h, on-stage incubation period.

2.3. AMR system

The AMR apparatus is illustrated in Fig. S1a. The optical tweez-
ers microbeam is generated by a continuous-wave fiber laser with
emission at 1064 nm (IPG Photonics), hereafter referred to as the
trapping beam. A pair of galvanometer mirrors (ThorLabs) placed
conjugate to the back focal plane of the microscope objective lens
steers the trapping beam focus in the transverse plane of the
microscope objective. A glass coverslip reflects a small fraction of
the beam power and directs it onto a quadrant photo diode
(QPD, Newport) labeled as trapQPD in Fig. S1a. The trapQPD out-
puts analog signals proportional to the deflection of the trapping
beam. A low power laser diode with emission at 785 nm (World
Star Technologies), hereafter referred to as the detection beam,
detects the probe microbead response. A long pass dichroic beam
splitting mirror (D1, Semrock) combines the two laser beams and

M. Keating et al. / Acta Biomaterialia 57 (2017) 304–312 305



Download English Version:

https://daneshyari.com/en/article/6449138

Download Persian Version:

https://daneshyari.com/article/6449138

Daneshyari.com

https://daneshyari.com/en/article/6449138
https://daneshyari.com/article/6449138
https://daneshyari.com

